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Abstract: Bioinspired nanostructured materials that exhibit antimicrobial properties are being 
synthesized and tested at increasing rates for use in healthcare, manufacturing processes, and 
diagnostics. Although progress has been made in improving and understanding their bactericidal 
activity, arguably, the biggest problem currently in the field is the lack of a standard testing 
methodology that allows for optimal characterization and better comparison of emerging 
nanostructures. Here, we examine two forms of nanostructured silicon that vary in their ability to 
kill certain bacterial species due to different physical mechanisms and derive guidelines for the 
comparative testing. We perform a comprehensive evaluation of methodologies used extensively 
in the field (e.g., colony counting and live dead analysis) and the novel application of high-
throughput flow cytometry. The data reveal how the techniques are complementary but not always 
directly equivalent or correlative. Therefore, comparison of results obtained using different 
methodologies on different materials can be grossly misleading. We report significant variations in 
bactericidal efficiencies depending on experimental environments (medium type, etc.) and 
methodologies employed. In addition, we demonstrate how cytometry is yet another powerful 
complementary tool that can aid the mechanistic understanding of antimicrobial activities of rough 
surfaces. Besides standardization for comparison, ultimately, evaluation methods need to consider 
anticipated applications. Then and only then can the true potential (or limitation) of a novel material 
be determined for its suitability for advancement in a particular field of use. 

Introduction  

Bacteria tend to colonize most surfaces, often forming biofilms – organized communities that have the 
ability to withstand treatment by conventional antiseptic agents.1 This tendency is not only a potential 
threat in healthcare environments leading to, e.g., implant-associated infections, but also in areas such 
as food-related industries, water purification systems, and bathroom surfaces.2–6 Multi-drug resistance 
is yet another alarming problem, with more than 2.8 million people in the U.S. suffering from infections 
caused by multi-drug-resistant bacteria each year.7 Therefore, there is a pressing need for new 
strategies to combat bacterial colonization which will be safe, sustainable, and ideally, will not induce 
antimicrobial resistance. 
To address these challenges, bioinspired nanostructured materials and coatings that repel (antifouling) 
and/or mechanically kill bacteria upon contact through physical forces (mechano-bactericidal) have 
been widely investigated.6,8–14 The mechano-bactericidal surfaces possess high-aspect-ratio 
nanoprotrusions (pillars, wires, cones), capable of inducing stress onto the bacterial  envelope, 
ultimately leading to its disruption.15–18 Depending on the geometry of nanoprotrusions (pitch, shape, 
height), the surfaces are able to lyse bacterial cells via different physical mechanisms, varying in the 
rates of killing and in the range of organisms affected (spectrum of activity).18–24 Alternatively, the 
roughness of a surface may greatly alter its wetting properties, affecting or preventing cell adhesion 
leading to the ability of surfaces to self-clean.25–27 In contrast to chemical approaches in which a dose of 
a bactericidal agent is finite, these new surfaces have the potential for more sustained bactericidal 
activities. Recently, it has been pointed out that the innovation and commercialization of new products 
has been greatly hindered by lack of (i) standardization in testing of new antimicrobial surfaces and (ii) 
consideration of differences in antimicrobial mechanisms by existing industrial standard 
methodologies.2,28–30 An excellent and extensive list of the most common, currently in use, methods to 
evaluate such antimicrobial designs has been provided by Sjollema et al.31 Based on the antimicrobial 
mechanism, various methods are recommended for testing designs which act through (i) a release of an 
antimicrobial agent, (ii) contact-killing, or (iii) cell-repelling properties. Importantly, emerging 



 
 

antimicrobial nanostructures form a new class that requires a revision of current methodologies as 
recently articulated by Senevirathne et al.30 It is noteworthy that the term antimicrobial refers to activity 
against microorganisms including bacteria, fungi, protozoa and microalgae whereas the terms 
antibacterial and bactericidal refer more specifically to activity against bacteria. 
In general, contact-killing surfaces exhibit dense cationic charge responsible for disrupting bacterial 
cells.32 Although the nanostructured surfaces do not share the same characteristic, they also eliminate 
bacteria upon contact and thus, it seems appropriate to evaluate them correspondingly. In this regard, 
adhesion-based assays – either static (passive) or dynamic where a flow chamber is part of the 
experimental setup – are generally well suited to characterize contact-killing surfaces where intimate 
contact between bacteria and tested surfaces is required.33 For this reason, suspension methods are 
generally not recommended.31 Within adhesion-based assays, the surfaces are inoculated with cells, 
incubated, and rinsed to wash off the non- and loosely-attached cells, which are analyzed for viability. 
Next, dislodging of attached cells is performed (typically by sonication), and their viability is also 
assessed. A typical incubation time is up to 24 h as opposed to biofilm-based methods which are longer 
and must involve presence of nutrients to allow biofilm growth.31 Although the nanostructured surfaces 
can be readily subjected to the adhesion-based methods, they differ from the existing contact-killing 
designs, and thus require additional considerations. For example, as recently highlighted, a presence of 
external forces such as moving air-liquid interface can impact the quantification of antimicrobial 
properties of nanostructures.34 In this vein, an ambiguity around the rinsing step and its impact has been 
also reported.30 Furthermore, evaluation of viability of cells attached onto nanostructured surfaces by 
their dislodging is nearly impossible as the cells are impaled by nanoprotrusions. Consequently, 
characterizing activity of those surfaces requires novel approaches that consider viability of cells that 
are both unattached and attached onto the surface.  
Assessment of viability, on the other hand, can be complex and often depends on the assay used.35–37 
Typical viability assays employed in the field of bioinspired nanostructures include: spread-plate colony 
counts, optical density monitoring, live/dead fluorescent staining (fluorescent microscopy), and electron 
microscopy.38 It is noteworthy that most assessments  are widely available but none offer high 
throughput. Generally, all techniques show advantages and disadvantages in some areas (Table S1), 
stressing the importance of using multiple techniques to validate results.  
Previously, we identified two distinct bactericidal mechanisms for nanostructured materials that either 
possess (i) dense and blunt pillars that stretch and tear bacteria attached onto them or (ii) sparse and 
sharp pillars which directly impale bacterial cells.18 In this work, we evaluate and compare antibacterial 
properties of those characteristic surfaces using an adhesion-based method and various viability assays. 
Additionally, for the first time in this field, we present the use of flow cytometry as an excellent, 
alternative to the conventional colony counting tool, capable of high-throughput screening of new 
material designs. We show which methods are complementary, duplicative and/or orthogonal. We also 
demonstrate how cytometry is yet another powerful technique that can contribute to a mechanistic 
understanding of the antimicrobial properties of rough surfaces.  
 

Such properties are a resultant of interacting elements that include material, biological and – 
importantly but least studied – environmental factors (Fig. 1). In terms of the material performance, 

Fig.  1 Variable interacting factors that influence antibacterial activities. Material, environmental, and biological factors all contribute to, 
and impact the success or failure of the approach to determine antibacterial properties of nanostructured surfaces. EPS – extracellular 
polymeric substance which is a matrix that surrounds cells within the biofilm. Conditioning film refers to layers of organic and mineral 

molecules adsorbed onto the surface upon immersion in a solution that mediates/influences the interaction between the surface and the 
attached bacteria. 



 
 

topographical features have been identified as a key surface factor.39 Recently, material pliability has 
also been reported as a driving force impacting the performance in some instances.19 With regards to 
the biological input, this is mostly driven by differences between Gram-negative and Gram-positive 
species in mechanical properties of bacterial cell walls, and their motility.40 Here, we additionally report 
significant variations in bactericidal efficiencies depending on experimental environments such as 
medium type, previously noticed41 but rarely discussed. Overall, this report makes suggestions, brings 
attention to, and calls for a discussion about the standardization of measurements of antimicrobial 
properties of nanostructured surfaces to facilitate their rapid deployment.  

Results and discussion 

Fabrication and characterization of nanostructured surfaces 

The killing efficiency of nanostructured surfaces and the spectrum of activity depend on the geometry 
of the nanopillars (tip shape/size, pitch, and aspect ratio); strongly linked to their bactericidal 
mechanism.6 Although some ambiguity remains around the exact mechanism, two scenarios are widely 
recognized: (i) stretch-and-rupture,18,42 and (ii) fast piercing by sharp tips.18,21,43 Simply put, after 
adhesion, the cellular envelopes stretch and tear on nanopillars with blunt and relatively wide tips, 
whereas cells are directly pierced by nanopillars that possess sharp tips. Therefore, both patterns were 
chosen to serve as experimental examples of the two mechanisms. It is 
noteworthy that enhanced stretching can be gained not only by manipulating the tip shape and pitch 
but also the aspect ratio by means of an energy storage-release mechanism, as recently reported by 
Ivanova et al.17  

Nanostructured silicon surfaces with various topographical features were fabricated by lithography-free 
reactive ion etching using O2/SF6 plasma. After 90 seconds of etching, the resulting nanopillars were 390 
nm tall and possessed wide, blunt tips (Fig. 2a-c). As the etching proceeded, nearly ten times taller pillars 
evolved (3.6 µm) with sharp, narrow tips, and sparser distribution (4 pillars per µm2 in respect to 26 per 
µm2; Fig. 2d-f). The patterns were fairly homogenous and did not show any hierarchical order. Due to 
the high roughness, both samples exhibit superhydrophilic character (water contact angles below <10°), 
in which water spreads instantly across the surface. 
 

Evaluation of antibacterial properties of nanostructured surfaces  

Fig. 2 Topographical features of nanostructured silicon surfaces: (a-c) blunt, and (d-f) sharp nanopillars. SEM micrographs present top views 
(upper panel) and cross sections (middle panel). Scale bar 1 µm. (c, f) Schematics depicting nanopillar morphologies with characteristic 

dimensions (scales are not conserved).   



 
 

To assess the antibacterial properties of the resulting nanostructures, we employed an adhesion-based 
static method schematically depicted in Fig. 3. The protocol follows the principles of the ISO standard 
(International Organization for Standardization) JIS Z 2801 (2010),44 currently in use to test surfaces of 
antibacterial products of plastics, metals, ceramics, etc., with certain modifications. Bacteria suspended 
in a small volume (tens of µl) are placed on test and control surfaces (of reduced size in respect to the 
standard, see Materials and Methods) for a period of time, and subsequently the surfaces are rinsed to 
remove non-adhering cells. The viability of non-adhering cells and those attached on the surface is 
determined. Here, the latter analysis expands beyond the recommendations given by the standard, 
which is however necessary to elucidate the origin of reduction in the number of viable cells by the 
tested design compared to a control smooth surface (Fig. 3b). Lack of such analysis, otherwise, raises 
the question whether the surface solely favors bacterial adhesion and allows them to proliferate, or 
instead, is capable of inducing killing. Additionally, the standard assumes all the bacteria are dislodged 
from the surface, which does not apply to nanostructured surfaces, further requiring the double 
approach. 

Figure 3b broadly illustrates a decision tree for testing and interpretation of the mechanism of action of 
nanostructured surfaces, further highlighting the importance to study both the retrieved cells (non-
adhering, blue box) and the cells adhered onto the surface (yellow box).  Having information from both 
adhered and non-adhering cells will allow for stronger conclusions on surface properties in terms of: (a) 
their ability to repel (decisive classification of repellent or non-repellent), and (b) their ability to kill 
(additional information on mechano-bactericidal activity, including categorization as contact-killing or 
non-contact-killing). Note, additional information can be derived from these expanded sets of 
information based on overall number of adhered cells, which may speak to the rate of killing and ability 
of cell lysis. As a prime example, if not many cells are present on the surface, the materials may have 
caused their complete disintegration, and thus rendered them impossible to visualize by fluorescent 
micrographs. Here, SEM imaging could aid interpretation of the results, for instance. It should also be 

Fig.  3 (a) Schematic of adhesion-based method used to evaluate antimicrobial properties of nanostructured surfaces. Various material, 
biological and environmental conditions were chosen (nanopatterns, bacterial species and media, respectively).  First, the sterilized 

surfaces to be tested and appropriate controls are inoculated with a droplet containing bacteria in a given medium. After incubation time, 
the surface is gently washed to retrieve non-adhering bacteria and their viability is assayed using flow cytometry (1) and colony counting 
(2) methods. The surface with adhering bacteria is further imaged using confocal microscopy (3), and viable and non-viable cells are 

counted. (b) Flow diagram for testing and results interpretation. The decision tree clearly shows why both types of samples (retrieved cells 
= non-adhering, blue box; and adhered onto the surface, yellow box) are needed to evaluate mechanism of action of nanostructured 
surfaces in terms of: (a) their ability to repel (repellent or non-repellent), and (b) their ability to kill (mechano-bactericidal activity; contact-

killing or non-contact-killing).



 
 

noted that if the surface proves repellent, a further examination by flow perfusion methods is advised, 
as they better allow to control mass transport.31  
The highly hydrophilic character of the sample, on the other hand, necessitates the inoculation volume 
to be reduced so that spilling of the sample over the edges can be prevented. While the volume is 
reduced, one should mind to concentrate the inoculum to reach the anticipated challenge numbers – a 
number of microorganisms used to challenge the antimicrobial coatings to evaluate their efficacy. The 
immersion experiments in a bigger volume, on the other hand, could help with prevention of drying out 
when materials are to be challenged over an extended period of time (e.g., biofilm studies). It is 
anticipated that bactericidal efficiency expressed by viability of attached cells could be directly 
compared between adhesion and immersion methods (perhaps if the volume is not excessive, to be 
determined). However, a reduction in the number of non-adhering cells is not straightforward to 
compare, as a smaller volume will favor more interactions with the surface. For the samples which 
exhibit hydrophobic properties, a thin sterile film (e.g.; Parafilm® or glass cover slip) can be employed 
to facilitate spread of the liquid over the entire surface whilst assuring intimate contact between the 
surface and the cells.  
Two Gram-negative bacteria were used, Escherichia (E.) coli and Rhodobacter (R.) capsulatus, as they 
previously displayed marked variations in the response to the surface topographies.18 Note that 
although both species are classified as Gram-negative bacteria, E. coli and R. capsulatus are vastly 
different is terms of genome content, the ecological niches they evolved in (mammal gut and aquatic 
environment, respectively), and their metabolic capabilities. The inoculum concentration was adjusted 
to 107 colony forming units (cfu)/ml to allow a sufficient number of adhesion events (visualized by 
microscopy) within the few-hour experimental plan. However, both the challenge number and bacterial 
species should be selected according to the intended applications. For example, 2.5 x 106 cfu/ml in JIS Z 
2801 corresponds to the concentration of bacteria typically found in patients with a catheter-associated-
infections (105-108 cfu/ml). However, the challenge number could be lowered drastically if the surface 
is designed to act prophylactically, as it is therefore assumed to interact with lower numbers of cells to 
begin with.  Choice of E. coli and Staphylococcus spp. is frequently advised by various standards as they 
represent models for Gram-negative and Gram-positive species, respectively, as well as they constitute 
major causes of biomaterial-associated infections.31,44 If the material is to be used in medical 
applications, fresh clinical isolates are also recommended as repeated culturing may alter the virulence 
or ability of a strain to form biofilms.45  

Fig.  4 The impact of medium on susceptibility of (a-c) E. coli and (d) R. capsulatus cells. Bacteria were suspended in either minimal media 
(MR26,52 M9+glucose) or nutrient-free buffers (M9 (salts), PBS, TBS). At certain time intervals, cell suspensions were stained with a 

live/dead viability kit and assayed by flow cytometry. Numbers of live and dead cells were determined. (a-b) Representative cytograms 
(dot plots) showing: (a) a cell population of interest within a gate (Total), and (b) live and dead cell populations (green and red, respectively). 
(c-d) The graphs present temporal evolution of the number of dead cells (E. Coli (c) and R. capsulatus (d)), expressed as a percentage of 

the total cell population, for the tested media.



 
 

Prior to the evaluation of surface antibacterial activities, we determined the influence of commonly 
used minimal media and buffers on cell susceptibility by using live/dead fluorescent staining and flow 
cytometry (Fig. 4).  As opposed to the colony counting method, flow cytometry allows for a rapid, high-
throughput, and nearly real-time discrimination between viable and non-viable cells based on the 
viability criteria, predetermined by the choice of fluorescent dyes (Table 1).  Here, the cells with 
compromised membrane are scored as dead (or dying). The staining protocol and cytometer operational 
conditions have been carefully optimized to yield the most accurate quantitative analysis (Fig. S1-3). 
Figure 4 shows representative cytograms where a population of interest is first chosen (Fig. 4a), followed 
by gating out of live and dead sub-groups (Fig. 4b).  
The temporal evolution of numbers of non-viable E. coli cells indicates a great compatibility with all the 
media and buffers tested, as the values remained constant and so did the total number of cells (Fig. 4c; 
Table S4). In contrast, Rhodobacter cells exhibited poor survival when suspended in phosphate-buffered 
saline (PBS) buffer, which is frequently used in biological studies and advised by ISO standard (Table S4). 
Non-viable cells accumulated over time and the total number of cells dramatically decreased.  A weaker 
susceptibility of Rhodobacter cells to M9 salts was also observed (Table S4). The strong susceptibility of 
Rhodobacter to PBS likely involves multiple biological factors that are currently under investigation. 
Therefore, Tris-buffered saline (TBS) buffer was selected for Rhodobacter studies, and both species were 
eventually investigated in (i) nutrient-rich medium and (ii) an appropriate nutrient-free buffer. Whereas 
the former media could allow cell growth if long enough time is provided, the latter media do not, 
allowing a comparison between species that require different culture conditions.  
 
Table 1 A comparison of colony counting and flow cytometry methods used to evaluate antimicrobial properties of 
nanostructured surfaces. 

Characteristics  Colony counting method  Flow cytometry  

Time required Days (sometimes many) Minutes 

Throughput  Low High 

Viability criterion  Ability to form a colony Dependent on fluorescent probe; 

multiple available  

Quantitative data captured Viable cells Viable and non-viable (if dislodged from 

the surface); debris 

 



 
 

It is noteworthy that depending on the deployment setting, material surface chemistry may undergo a 
gradual change owing to the adsorption of various molecules (minerals, proteins, etc.) upon exposure 
to body fluids or water of various origin. This phenomenon is called conditioning film formation which 
may also affect the material performance as adsorption of macromolecules proceeds faster that 
bacterial adhesion. For example, a number of pathogens exhibit receptors which recognize blood-borne 
proteins which may enhance adhesion.46 Such films can also form during the testing of antimicrobial 
properties if inoculum is suspended in a medium supporting cell growth/proliferation.  Thus, if an 
envisioned application involves conditioning film formation, a surface pre-treatment should be 
included.31 Similarly, bacterial cells respond dynamically to the environmental settings which may also 
change their surface chemistry and turgor pressure, thus impacting their interactions with nanopillars.  
Furthermore, it has been reported recently that cellular movement in the direction of nutrients 
accelerates cell adhesion behavior.47 Besides, dynamic conditions and different shear stress will further 
affect cell behavior, which is important to consider when challenging a material designed to be deployed 
under dynamic settings (e.g., catheters, marine coatings etc.).30,34 Overall, this shows the importance of 
environmental factors contributing to the interplay between bacterial cells and materials. 

Nanostructures with blunt pillars   

Having established the testing conditions, we first focus on cell interactions with the blunt pillars 
(initially studying 2 h incubations). The non-attached bacteria were split into two aliquots.  One aliquot 
was immediately stained and assayed by means of flow cytometry providing real-time data (Fig. 5); and 
the other aliquot was plated and incubated for 18 h for counting of colony forming units. The images of 
the attached cells were acquired in parallel complementing the results, thus providing a fuller overview 
of the sample’s performance. Surprisingly, there was no significant increase in the number of retrieved 
dead cells for the tested nanostructures for both species in respect to the controls (see the cell 
concentrations in Fig. 5 and Fig. S5). This suggests that both live and dead cells adhere to the surface, as 
indicated in confocal image for R. capsulatus, for instance. Therefore, the concentration of live cells was 
utilized to determine bactericidal efficiencies that were subsequently compared to the values resulting 
from colony counting, under various experimental conditions including either rich medium or nutrient-
free buffer (Fig. 6).   
In the case of R. capsulatus, all three methods are duplicative and there is no significant environmental 
impact observed (Fig. 6b). In contrast, assays with E. coli revealed significant differences between both 

Fig.  5 Exemplary cytograms (upper panel) and confocal images (lower panel) of E. coli (a-b) and R. capsulatus (c-d). Cells were suspended 

in nutrient-rich media and allowed to interact for 2 h with the controls (a, c) and blunt pillars (b, d). The cytograms are divided into four 
quadrants which divide cell populations: Lower Left – unlabeled cells; Lower Right – live cells (green fluorescence); Upper Right – dead and 
dying cells (green and red fluorescence at various ratios with the red arrow indicating nearly totally stained cells in red – for simplicity, all 

dead/dying cells were gated out together). The percentage of live and dead cell populations was determined as well as cell concentrations 
(see Tables below cytograms). Note that the concentrations were pre-diluted to allow reliable cell counting so that one cell passes through 
detection volume.



 
 

methods (cytometry and plates) and media used (Fig. 6a; t test: p-value <0.05, for details see 
Supplementary text 2). Here, cell plating yields significantly lower bactericidal efficiencies (BE) in rich 
medium (9%) than in PBS buffer (58%). Although the same aliquot of non-attached cells is used for 
cytometry and plating measurements, lower BE values measured by cytometry could be explained by 
cells counted as viable that may be in reality damaged without cell lysis (e.g., as in the antibacterial 
effect mediated by oxidative stress),48 and hence unable to further proliferate on agar plates. 
Additionally, an experiment with E. coli in minimal medium (Fig. S4) revealed a similar trend to the 
behavior in rich medium, hence reinforcing the differences seen in the case of PBS. Similar BE values 
were determined by cytometry and microscopy, suggesting that for such structures, either method 
could be employed. 

Nanostructures with sharp pillars   

We further focus on the activities of topographies with sharp pillars (Fig. 7). At the first glance, the killing 
efficiencies are higher when compared to the blunt pillars, likely due to sharp tips capable of impaling cells 
directly, hence killing faster. Overall, an ability to impale cells is debated in the field and future tests are required 
to provide further evidences. Note that the physical contact required to kill cells can be influenced not only by 
reducing the interaction volume but also by introducing dynamic conditions such as shaking or microfluidics.49 
However, although dynamic conditions may improve cell piercing, they may also prevent cell adhesion, which is 
the first step before cell deformation occurs. The BE values vary greatly for E. coli depending on the viability 
assay used (t test: p-value <0.001 for PBS) and they are always higher in PBS (Fig. 7a; p-value <0.05). 
For example, the increases from 57% to 79% and from 29% to 55% were observed for plating and microscopy, 
respectively. The BEs derived from cytometry assays yielded lower values than the colony counting method, 
regardless of the media conditions, which is in contrast to observations with the blunt pillars, where a lower 
value was observed only in PBS. Although cytometry revealed a reduced number of viable cells, it did not show 
an accumulation of dead cells (Fig. S5).  
In the case of R. capsulatus (Fig. 7b), the characteristics of non-adhering cells did not vary significantly, as 
observed for the other topography (Fig. 6b). For cells attached on the surface, BE was approximately three times 
lower for cells suspended in TBS (p-value <0.01). The origin of this difference is unclear, though extended 
incubation time (4 h) results in an increase to ~80% (Fig. S6) suggesting that perhaps a longer time for adhesion 
is required under these conditions. Overall, the data in Fig. S6 show that BE assessed by microscopy significantly 
increased over tested time, suggesting this method is likely more time-sensitive than the others.  
Taken together, the two species tested reveal that various species can be differently affected by the 
environment. Moreover, while data obtained for R. capsulatus suggest that use of cytometry could potentially 
replace a more tedious and time-consuming plating method, the results for E. coli show discrepancies that 
cannot be corrected in a simple manner. However, it is evident that for a given condition the flow cytometry 
method enables high-throughput screening of bactericidal surface designs (with the ability to rapidly monitor 
killing rates and trajectories in nearly real-time), with further validation using the colony counting method. 
Overall, this opens an opportunity to advance the field at much faster rates. 

Fig.  6 Bactericidal efficiencies of etched silicon (L=390 nm, blunt tips) against (a) E. coli and (b) R. capsulatus. Bacteria were interacting with 

the surfaces for 2 h in rich medium and nutrient-free buffers. The BEs were determined based on number of viable cells remaining in solution, 
enumerated by plating method and flow cytometry (using live/dead fluorescent staining), according to Eq. 1 (see Methods for details). 
Additionally, BE was calculated based on the number of viable and non-viable cells attached on the surface by means of confocal microscopy 

and the live/dead staining using Eq. 2 (see Methods). The values are expressed as a mean ± SEM (n≥3 independent experiments). * p-value 
<0.05 refers to data that are significant. 



 
 

 

New mechanistic insights 

Since bactericidal efficiencies of sharp pillars against E. coli cells were greater when assessed by colony counting 
than by cytometry (Fig. 8a), we hypothesized that injured cells scored as live by cytometry could not recover and 
form colonies on plates. To probe this hypothesis, after the interaction with the surface and before plating, cells 
were allowed to recover in Super Optimal broth with Catabolite repression (SOC) for 30 min, a medium typically 
used to aid recovery of E. coli cells injured after exposure to an electrical pulse (electroporation; Fig. 8b-c). For 
the control surfaces, numbers of colonies were the same with and without incubation in SOC, indicating that 
there was no net growth during the recovery phase. When cells were exposed for 2 h to sharp pillars, we 
observed that incubation in SOC increased cell survival, leading to an average 19% decrease of BE values after 
recovery. Thus, the SOC treatment was sufficient to promote damage repair and survival in a fraction of cells, 
hence greatly reducing the differences observed between plating and flow cytometry. Remarkably, recovery in 
SOC did not help survival after exposure to sharp pillars for 4 h as the BE values remained the same. These 
findings imply that under favorable conditions bacteria can repair damages caused by nanostructured surfaces, 
and that there is likely a minimum time necessary to cause irreversible damage and cell death. Because the two 
bactericidal mechanisms differ significantly in killing rate, one should carefully consider the choice of the design 
to fit to the intended application. 

 

Fig.  8 The effect of recovery phase in SOC medium on bactericidal efficiency. (a) Table showing comparison between bactericidal efficiencies values of the 

blunt and sharp pillars to E. coli when tested in rich medium or PBS buffer. (b) Schematic presenting the outgrowth experiment setup and the effect on the 

number of colonies. (c) Normalized BEs of silicon with sharp pillars against E.coli in PBS buffer interacting with the surfaces for 2 and 4 h, with (+) and without 

(-) 30 min of the recovery phase. Red and green colors refer to decrease and increase, respectively. The values are expressed as a mean ± SEM (n = 5 

independent experiments). 

Fig.  7 Bactericidal efficiencies of etched silicon (L=3.6 µm, sharp tips) against (a) E. coli and (b) R. capsulatus. Bacteria were interacting 
with the surface for 2 h in rich medium and nutrient-free buffers. Bactericidal efficiencies were determined based on plating method, 

flow cytometry and microscopy. The values are expressed as a mean ± SEM (n ≥3 independent experiments). * p-value <0.05 refers to 
data that are significant; <0.01 very significant; <0.001 extremely significant. 



 
 

Conclusions 

The field of bioinspired nanostructured surfaces with antimicrobial properties is rapidly growing as an 
attractive alternative to the existing chemical approaches to manage microbial contamination. 
Unfortunately, as the material designs advance, it becomes more complex to objectively compare 
competing technologies due to the lack of standard approaches for testing their performances. 
Generally, many approaches can be correct as long as they inform the ultimate application. However, 
some standard testing conditions are needed to facilitate direct comparison between new technologies, 
which ideally, should be further expanded to reveal and verify the true potency and utility of the 
material. Since the materials kill upon contact, here, we stress the need to characterize cells that are 
both unattached and attached on the surface. We also show the importance of medium selection and 
how the ultimate results can be strongly affected by this choice. Despite the fact that the plating method 
is a gold standard to monitor growth and is ubiquitous in every laboratory setting, we show how flow 
cytometry can become a new valuable method to advance the field. Not only can it accelerate the 
material development (giving feedback on materials and process designs in minutes and not days) but 
it can also add to the mechanistic understanding of how these new surfaces operate.  

Materials and Methods  

Fabrication of nanostructured surfaces   

Two nanostructured surfaces were fabricated that possess nanopillars with either blunt (wide tip) or 
sharp (narrow tip), according to the process we have recently developed.18 Briefly, silicon wafers (4”, p-
type boron-doped, <100>, resistivity 10-20 Ω∙cm-1, 525 ± 25 µm, purchased from Silicon Valley 
Microelectronics, Inc.) were cleaned with acetone and isopropanol (IPA). Subsequently, reactive ion 
etching (RIE) was conducted using O2/SF6 plasma (Oxford PlasmaLab 100) with the following conditions: 
200 W RF power, 20 °C temperature, 35 mTorr pressure, 36 O2 and 40 SF6 sccm flows, for 1.5 and 15 min 
(blunt and sharp pillars, respectively). The etched samples were cut into 1 cm2 and sterilized using 70% 
ethanol prior to use in further experiments. Note, the sample size by industrial standard is set to a 
square of 50 mm and it is reduced here below the limits. However, it follows the guidance set by the 
vast range of literature and allows to accommodate a large number of samples required for biological 
and technical replicates, given a currently limited scalability of fabrication, which mainly relies on 
reactive ion etching.  

Characterization of the nanostructured surfaces  

The topographical features such as pillar height, base diameter, density (number of pillars per surface 
area), and pitch (pillar center-to-center distance) were determined based on Scanning Electron 
Microscopy (SEM) images. Micrographs were taken using a JEOL 7500 Field Emission SEM, operating at 
15 kV. The ImageJ software50 was used for image analysis. At least five independent fields were 
measured. The pitch was quantified using a nearest-neighbor-distances (NND) ImageJ plugin 
(https://icme.hpc.msstate.edu Author: Yuxiong Mao).  
The surface wettability was characterized by a measurement of static contact angle of water (5 µl) at 
room temperature by means of Drop Shape Analyzer (KRÜSS GmbH, Germany). 

Media preparation and cell cultures 

For media recipes please refer to Supporting Information.  
Two Gram-negative bacteria Escherichia (E.) coli and Rhodobacter (R.) capsulatus were used in this 
study. Bacterial stocks were maintained frozen at -70°C and cultured on LB medium (E. coli strain DH5α) 
and SRCVPY medium (R. capsulatus strain U43[pBBR1MCS-2]),51 supplemented with kanamycin (30 
µg/ml). To prepare the inoculum for application to the materials, E. coli was cultured to mid-exponential 
phase (optical density at 600 nm, OD600 ~0.6) in LB medium, aerobically, at 37 °C and with shaking at 
250 rpm. R. capsulatus was similarly cultured but in SRCVPY medium with kanamycin, under semi-
aerobic, chemoheterotrophic conditions in the dark (silicone sponge closures), at 33 °C and with shaking 
at 125 rpm. The bacteria were recovered by centrifugation, washed twice, and diluted into fresh media 
[rich or minimal (MR26 and M9 with glucose)] or nutrient-free buffers [phosphate-buffered saline (PBS), 
Tris-buffered saline (TBS), and M9 salts] to the concentration of 5 x 107 colony forming units (cfu)/ml.   

Antibacterial properties of the nanostructured surfaces  



 
 

The antimicrobial properties of nanostructured surfaces were quantitatively evaluated using the 
adhesion based-assay which relies on: (1) adding an inoculum (here, droplet of V=20 µl) onto the surface 
(test and control), (2) incubation, (3) rinsing and collecting non-attached cells, and (4) assessing cell 
viability of non-attached cells and cells attached on the surface. To assess the viability, various 
techniques were employed and compared (sections 1-3). 
In details, a 24-well protein crystallization plate containing a pedestal located centrally in a well 
(Chryschem, Hampton Research) was used as a humidity-controlled experimental system to prevent 
evaporation. To assure even humidity, 1 ml of sterile water was added to each well, the nanostructured 
surface or control was placed on the top of pedestal, the inoculum was added, and the well was sealed 
with vacuum grease and a glass cover slide (22 mm diameter). All experiments were performed at room 
temperature (RT, 25 ± 0.5 °C) up to 4 h. Alternatively, samples can be placed in a petri dish equipped 
with a filter paper moisten with 1 ml of sterile water, positioned on a microscope slide lifted on 
toothpicks from the filter. 
The Colony Counting Method (section 1) and flow cytometry (section 2) were used as viability tests to 
analyze non-adhering bacteria. The reduction in viability induced by the surface exposure was calculated 
as Bactericidal Efficiency (BE) according to the following equation: 𝐵𝐸 = 100 − (

𝑉𝑥

𝑉𝑐𝑡𝑟𝑙
) ∙ 100 (𝐸𝑞. 1), 

where V refers to number of viable cells, x – experimental sample, and ctrl – control sample.  
The viability of attached bacteria onto the surfaces were investigated by confocal microscopy of 
live/dead stained cells (section 3). Here, BE was calculated based on number of Viable (V) and Non-
Viable (NV) cells attached on the surface using the following equation: 𝐵𝐸 = (

𝑁𝑉𝑥

𝑉𝑥+𝑁𝑉𝑥
) ∙ 100  (𝐸𝑞. 2). It 

was assumed that BE for the controls is 0%. 

1. Colony counting method  

At given time intervals, non-attached cells were retrieved from control and tested surfaces by rinsing 
with fresh medium (rinsing = mixing 10 times with 20 µl of medium by pipette, yielding 2 x dilution), and 
serially diluted further to obtain 30-300 colonies per plate. Cell suspensions (50 µl) were plated on rich 
medium containing appropriate antibiotics when necessary. Finally, colonies were counted, and BE was 
determined.  
Glass cover slides were chosen as routine controls as bacterial growth on these surfaces was found 
invariant to non-etched (smooth) silicon wafers.18 A range of numbers of mixing by pipetting (5-50) was 
tested to elucidate a potential impact on BE, as well as rinsing with an increased volume (500 µl).  In 
both cases, no significant differences were found (data not shown).  

2. Flow cytometry assay 

The same retrieved cells (section 1) were also diluted with 1 x TBS to appropriate concentrations, 
necessary for reliable counting using flow cytometer (CytoFLEX, Beckman Coulter Life Sciences). 
Subsequently, the cells were stained with LIVE/DEAD® BacLight™ Bacterial Viability Kit (L7012, 
Invitrogen) per instructions. The kit contains SYTO 9 (green) and propidium iodide (PI, red) dyes that 
counterstain the cells based on their membrane integrity. Bacterial cells with intact membranes are 
stained green, whereas cells with a damaged membrane (that are considered to be dead or injured) are 
stained red, or red and green. Please see Figs S1-3 for details about optimization of instrumental setup. 
After 15 min of incubation in the dark, cells were analyzed using flow cytometer with 96-well plate 
loader. The cells were excited with 488 nm and 561 nm lasers and the emission of SYTO9 and PI were 
detected using 525/40 and 610/20 bandpass filters, respectively. 10,000 events were collected per 
sample. Flow rates of 10 µl/min were utilized. The number of cells per µl was derived after appropriate 
gating. 
The same instrumental setup was used to monitor E. coli and R. capsulatus cells susceptibility 
(compatibility) to various media. Cells grown to mid-log phase were harvested and resuspended in five 
media: MR26, M9 with glucose, M9 (salts), TBS and PBS. The suspensions were stained with BacLight™ 
kit at time intervals (from 0 to 20 hours), incubated for 15 min in a dark, and examined by flow 
cytometry. The total number of the cells and population of dead cells (% of total number of cells) were 
analyzed.  

3. Confocal imaging  

The viability of the cells that remained attached onto the tested surfaces was evaluated by live/dead 
staining and confocal microscopy. At given time intervals, after the surfaces were washed and non-
adhering cells collected, they were additionally rinsed with 1 x TBS to remove traces of medium (known 
to quench the fluorophores), followed by staining with the live/dead kit per instructions. Image 



 
 

acquisition and analysis were performed using a Nikon Eclipse Ti microscope with 100x objective, a 1.45 
oil immersion lens, and NIS-Elements AR 4.50.00 software. The cells were visualized by using 470 and 
555 nm excitations and 515/30 and 595/40 emission filters. Two color channels, green and red, were 
acquired for each image. To remove the fluorescent background noise from the image, brightness levels 
in every channel were adjusted.  

Recovery from cell damage 

An additional experiment was performed to evaluate whether the cells that interacted with 
nanostructures can repair damages and recover viability. E. coli cells were interacting with sharp pillars 
in PBS medium for 2 and 4 h, followed by rinsing, and viable cells were quantified by plating and flow 
cytometry. An aliquot of the cells was diluted with super optimal broth with catabolite repression 
medium (SOC) and outgrown at 37 °C, 250 rpm, for 30 min. Cells (50 µl) were plated on rich medium 
and number of colonies counted. 

Statistical analysis  

Please see Supporting Information. 
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